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ABSTRACT

Lipid molecule is well known natural building block to form different
supramolecular structures with specific shape, size and functionality. In my thesis work, I
have used DC8,9PC (1,2-bis(tricosa-10,12-dinoyl)-sn-glycero-3-phosphocholine), a type
of chiral lipid to form the vesicles, tubules and ribbons . By using Atomic Force
Microscope, I have studied the morphological features of these particular structures.
Also, the mechanical properties of lipid tubules have been studied using AFM. Softlithography has been used to pattern the lipid vesicles and tubules into 2-dimensional and
3-dimensional ordered arrays.
The structure of self-assembled hollow spherical vesicles was studied using AFM.
The applications of soft lithography in patterning polymerized lipid vesicles of DC8,9PC
on glass substrates are reported. It has been demonstrated that the lipid vesicles can be
used as a high-molecular weight ink to be transferred from a PDMS stamp onto a glass
substrate to form two-dimensional stripes with a controlled separation over a large area.
By combining channel flow with dewetting within microfluidic networks, vesicles were
assembled into one-dimension lines on a glass substrate. The vesicle lines can also be
selectively removed from the substrate with lift-up process. The direct and precise
assembly of lipid vesicles on solid substrates will open up the possibility of integrating
them in biosensors and microelectronic devices.
Lipid tubules and helices are other extremely interesting superstructures that have
captured the imagination of scientists in disciplines from biology through material
iii

science to chemistry and physics. Lipid tubules are self-assembled hollow cylindrical
structures with opened ends, composed of rolled-up bilayers. They have been used as a
template for the synthesis of inorganic materials, a substrate for the crystallization of
proteins, a controlled release system for drug deliver, and a colorimetric material for
chemical sensors. However, due to the high aspect ratio, the formation of ordered arrays
of lipid tubules on substrates still remains to be challenging. In this thesis work, the
application of well-known soft lithography techniques in assembling and manipulating
lipid tubules on substrates has been reported. I show that lipid nano- and microtubules
can be assembled into two-dimensional (2-D) parallel arrays with controlled separations
by combining fluidic alignment with dewetting, which occur within microchannels. It has
also been shown that lipid tubules can be assembled into 3-D crossbar arrays with fluidic
alignment, which occurs within microfluidic networks. The deposition experiments with
silica colloidal particles show that the 2-D parallel-aligned tubules can be used as a
template to synthesize silica films with controlled morphologies and patterns on
substrates in a single-step process. Atomic force microscopy studies show that the
resulting silica films replicate the shape, orientation, and pattern of aligned tubule
templates.
Though, the structures of the lipid tubules have been extensively studied, but very
little is known about their mechanical properties. In my work, the mechanical properties
of the lipid tubules of DC8,9PC were studied with atomic force microscope. The
deformation of the lipid tubules with different outer diameters is directly observed in both
tapping and contact modes with increasing loading forces.
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CHAPTER 1. INTRODUCTION

The biological world is rich with ordered assemblies of molecules. Indeed, the
assembly and function of supramolecular structures is central to modern biology.
Examples span a range of length scales from protein dimers and multimers to the
extended polymers of actin and tubulin, lipid bilayers, multicomponent assemblies having
capabilities to form machines of extraordinary complexity. The ability of biological
molecules to undergo highly controlled and hierarchical assembly makes them ideal for
applications in nanotechnology and for other technological and industrial applications.
The self-assembly hierarchy of biological materials begins with monomer molecules
(e.g., nucleotides and nucleosides, amino acids, lipids), which form polymers (e.g., DNA,
RNA, proteins, polysaccharides), then assemblies (e.g., membranes, organelles), and
finally cells, organs, organisms, and even populations1. Consequently, biological
materials assemble on a very broad range of organizational length scales, and in both
hierarchical and nested manners. At one side, a number of researchers have been
exploiting the predictable base-pairing of DNA to build molecular-sized, complex, threedimensional objects2 and are using the capacity of DNA to self-organize to develop
photonic array devices and other molecular photonic components3. On the other side,
there is a large body of literature on the self-assembly on monolayers of lipid and lipidlike molecules4,5. As these biological assemblies consist of several components and of
several types of materials, the forces holding together these assemblies are equally
diverse: vander Waals, electrostatic, and hydrophobic interactions, and hydrogen bonds,
all contribute to specific recognition between members of the assembly. Self-assembly of
1

biomolecules is gaining a lot of attention of most of the researchers because of their
capability to produce novel materials and complement other materials (metals, alloys,
ceramics, synthetic polymers and other composite materials). These organic materials
such as proteins and/or lipids can be used to form the scaffolding for the deposition of
inorganic material to form ceramics such as hydroxyapatite, calcium carbonate, silicon
dioxide, and iron oxide.
Biological structures formed by self-assembly include membranes, vesicles,
tubules, DNA and wide variety of structures in cell. Phospholipid self assembled
structures have gained a lot of interest because of their vast field of potential applications.
Phospholipids molecules are amphipathic in nature, i.e. their polar head groups favor
contact with water, whereas their hydrocarbon tails interact with one another, in
preference to water. The strongly opposed preferences of the hydrophilic and
hydrophobic moieties of membrane lipids can be satisfied by arranging molecules to form
micelles and lipid bilayers (composed of two lipid sheets). However, the favored
structure for most phospholipids in aqueous media is a bilayer rather than a micelle. The
reason is that the two fatty acyl chains of phospholipids are too bulky to fit into the
interior of a micelle. The formation of bilayers is of critical biological importance. The
formation of lipid bilayers is a self-assembly process. The growth of lipid bilayers from
phospholipids is a rapid and spontaneous process in water. Hydrophobic interactions are
the major driving force for the formation of lipid bilayers. Furthermore, van der Waals
attractive forces between the hydrocarbon tails favor close packing of the tails. Finally,
there are electrostatic and hydrogen-bonding attractions between the polar head groups
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and water molecules. Thus, lipid bilayers are stabilized by the full array of forces that
mediate molecular interactions in biological systems.
Because lipid bilayers are held together by many reinforcing, non-covalent
interactions (predominantly hydrophobic), they are cooperative structures. These
hydrophobic interactions have three significant biological consequences: (1) lipid
bilayers have an inherent tendency to be extensive; (2) lipid bilayers will tend to close on
themselves so that there are no edges with exposed hydrocarbon chains, and so they form
compartments; and (3) lipid bilayers are self-sealing because a hole in a bilayer is
energetically unfavorable.
Because of these biological consequences, lipid bilayers are energetically
favorable to self-assemble into spherical multilayer aggregates, known as vesicles and
into hollow, cylindrical structures, known as tubules. In additions to these structures,
helical ribbons can also be stable structures for some range of energetic parameters.
Lipid vesicles are supramolecular structures that are gaining a lot of interest
because of their thermodynamic stability and well defined geometries. By virtue of their
ability to entrap and release reagents under controlled conditions, these structures have
been successfully used as nanocapsules for drug delivery6.
Lipid tubules and helices are also extremely interesting superstructures that have
captured the imagination of scientists in disciplines from biology through material
sciences to chemistry and physics. Helical ribbons are microstructures, consisting of long
twisted stripes of membranes with their edges exposed to the solvent. In some cases,
helical ribbons are unstable precursors to the formation of tubules, however in other
cases; these structures appear to be stable. Though helical ribbons have not been used in
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technological application, but they still have been studied extensively as part of an effort
to rationally control the self-assembly of the tubules. On the other hand, tubules have
much promise as advanced materials for use in several applications ranging from small
molecular wires7,8 to drug encapsulation8,9 to the miniature electronic devices10,11,12.
Tubules are bilayer or multilayer membranes of amphiphilic molecules wrapped in a
cylinder. They are observed in a variety of systems, including diacetylenic lipids, bile,
surfactants and glutamates. In diacetylenic lipid systems, the tubule diameter is typically
0.5µm and the tubule length is typically 50-200µm; in other systems the tubule
dimensions are typically several times larger.
In our works, we synthesized the above mentioned structures using the selfassembly of the lipid molecules following the procedure mentioned in the literature. We
used Atomic Force Microscopy (AFM) as an imaging tool to characterize the selfassembled structures of the lipid because of the recognition of the AFM to image soft
biological samples13. The main advantage of AFM in biology as compared with other
methods is that it usually doesn't require specific sample preparation and allow measuring
in most physiological conditions the most of biological objects are susceptible to. It is the
most universal method in the sense that all the media including vacuum can be used for
probing. Additionally, tapping AFM mode lowers drastically the probability of damage
of soft biological samples.
Recently, advances have been made toward the rational control of the tubule
structures by adjusting the chemical compositions and the conditions under which selfassembly occurs14,15,16,17,18,19. But, due to the high aspect ratio, the alignment and ordered
arrays of these self-assembled tubules on solid substrates still remain to be challenging.
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Rosenblatt et al.20 reported the magnetic alignment of the lipid tubules in dilute solutions.
They found that the lipid tubules were oriented with their axes parallel to the field
direction when the magnetic field was larger than 4T. But there is no control in the
separations of the aligned lipid tubules. More recently, Shimizu and collaborators21
developed an approach in which a single lipid nanotube could be aligned by microextruding an aqueous dispersion on glass substrates with a needle. The problem with
these methods was that it was too difficult and time consuming to align lipid micro and
nano tubules on a large scale with controlled spacing. Microfluidic networks (µFN)22
have been demonstrated to be a powerful tool to align inorganic nanowires on solid
substrates. For example, Lieber and coworkers23 have used the fluid flows occurring
within the µFN to form 2-D parallel arrays of nanowires on solid substrates. They have
found that once forming the first layer of the aligned nanowires on a substrate, the second
layer of the aligned nanowires can be added on it by repeating the alignment process at
different directions to form 3-D complex crossed arrays. Yang and collaborators24 have
used the dewetting occurring within the µFN to align nanowires at the edges of the
microchannels and form 2-D parallel arrays on solid substrates. This result suggests the
possibility to downsize the patterned features with respect to the size of the channels with
the dewetting. In our studies, we show that the µFN can be used to align soft lipid tubules
over a large area on glass substrates. The deposition experiments with silica colloidal
particles show that the aligned lipid tubules can be used as a template for the synthesis of
silica films with controlled morphologies and patterns on solid substrates in a single-step
process. We also demonstrate here that soft lithography techniques such as microcontact
printing (µCP) and microfluid network (µFN) can be used as a simple and direct method
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for patterning polymerized lipid vesicles on glass substrates. This is the simplest
technique to immobilize the vesicles on the solid substrates as compared to
oligonucleotide recognition25, layer-by-layer assembly26, biotin-streptavidin coupling27,
steric entrapment hydrophobic interaction28, chemical binding29, and attractive surfacepolarizable binding30. The disadvantage of these techniques over the soft lithography is
the involvement of multistep chemical reactions.
Though the structures of the lipid tubules have been extensively studied, but very
little is known about their mechanical properties. In our studies we used AFM to study
the mechanical properties of lipid tubules formed by rolled-up bilayers of 1,2bis(pentacosa-10,12-diynoyl)-sn-glycero-3-phosphochloline

(DC8,9PC). We

directly

observed the deformation of the lipid tubules at different loading forces in both tapping
and contact modes. The AFM force curves on different diameter tubules were studied.

1.1 Organization of Thesis
1,2-bis(pentacosa-10,12-diynoyl)-sn-glycero-3-phosphochloline

(DC8,9PC)

is

known to self-assemble into different type of structures when dispersed into polar
solvent. These self-assembled supramolecular structures have a wide range of
applications in sensor applications, controlled drug delivery, charge storage, etc. Several
studies have already been done on the morphological features of these structures, and
recently, advances have been made toward the rational control of these supramolecular
structures by adjusting the chemical composition and the conditions under which selfassembly occurs. The aim of this study is to demonstrate that soft-lithographic techniques
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can be used as simple and direct method for patterning of self-assembled lipid tubules
and vesicles on the substrate. Also the morphology and mechanical properties of the
supramolecular structures is studied. AFM tip has been used as the nano-indenter to
probe mechanical properties of the lipid tubules. Also, the ripple phase formation in the
tubules has been clearly resolved using AFM.
This thesis is divided into five chapters. In chapter 2, literature related to the
formation of the tubules, i.e. why and how the tubules form is reviewed. The AFM
principle, its different modes, and its comparison with other imaging techniques are
discussed. Principle of soft lithographic techniques such as microfluidic network and
microcontact printing are also discussed for the patterning of spherical and cylindrical
lipid structures.
Chapter 3 gives an idea about the synthesis technique of the lipid tubules and
vesicles. All the sample preparation techniques, for structure characterization, patterning,
deposition of silica, and for probing mechanical properties are discussed. Operating
parameters and conditions for each characterization technique is also described here in
this chapter.
Chapter 4 covers the most important results and discussion part. This chapter is
divided into five main sections. The first section describes the morphology of different
supramolecular structures formed from the self-assembly of the lipid DC8,9PC. The
second section of this chapter describes the results of the patterning of the lipid tubules
and vesicles using soft-lithographic techniques. The third section shows some results of
the manipulation of the lipid micro and nano-tubules using the microfluid network
technique. In section four, lipid tubules have been used as the template for the silica
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deposition to form complex arrays of inorganic structures. Finally, in section five,
mechanical properties including the force-distance curve study and deformation behavior
of the lipid tubules are discussed.
In the conclusion, Chapter 5 summarizes the overall results and further concludes
the current research.
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CHAPTER 2. LITERATURE REVIEW

2.1 Lipids
Lipids comprise a diverse and essential class of biomolecules. Their involvement
in biological processes is ubiquitous and includes the construction of biomembranes, the
transduction of cellular signals, their use as a source of energy, and countless other
biochemical pathways. One biological process in which lipids play an important role is
the synthesis of materials. Through their ability to self-assemble, compartmentalize, and
template, lipids enable the formation of a large variety of materials with controlled microand nanostructures. The ultimate utility of lipids lies in their ability to self-organize into
specific supramolecular aggregates–an attribute conferred by the inherent amphiphilic
nature of this diverse class of biomolecules. Most lipids are composed of three essential
features: a polar head group, one or more hydrophobic tail regions, and a backbone
structure that connects the two (Figure 1). These three building blocks are assembled in
an extraordinary variety of ways to generate all of the naturally occurring amphiphilic
lipids. Tail regions can contain aromatic groups, saturated aliphatic chains, or unsaturated
aliphatic chains, and head groups can consist of any number of charged or uncharged
polar moieties. Backbone structures occur in similar diversity, from polyol-based
structures such as glycerol, to the aromatic polycyclic structures of cholesterol and other
isoprenoids. Owing to the large variability in head group and tail chemistries, lipids are
often categorized according to backbone structure: isoprenoids, phospholipids,
sphingolipids, ceramides, fatty acids, triacylglycerols, eicosanoids, waxes, and
9

glycerophospholipids. Within each of these categories, numerous variants exist that are
the result of head group or tail modifications. The acyl chains are typically 8 to 24
carbons long, and they can be saturated, unsaturated, or even coupled to form a
macrocycle. Typically, an ester linkage couples the glycerophosphate to one of several
head

group

compounds

such

as

choline,

thanolamine,

or

serine

to

form

phosphatidylcholine, phosphatidylethanolamine, or phosphatidylserine, respectively.
Such head group modifications may render the lipids either charged, uncharged, or
zwitterionic at physiologic pH.
Hydrophobic
Tails

Backbone:
Glycerol

Polar
Headgroup

O
O

O CH2
O CH

OH2 C O P O
O
+N(CH3)3

Figure1. Structural features of lipids using glycerophospholipid (phosphatidylcholine) as
an example.

When dispersed in a solvent such as water, lipids exhibit a strong tendency to
self-assemble into a variety of mesophase structures, including monolayers, micelles,
reverse micelles, bilayers, and hexagonal phases.
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2.1.1 Monolayers
Monolayers are among the simplest structures of lipids. They are nevertheless
exceptionally useful as controlled experimental models for the investigation of lipid
interactions, lipid surface chemistry, and membrane dynamics. Assembled most
commonly at the interface between aqueous media and air, monolayers are formed when
an organic lipid solution is spread onto water. Upon evaporation of the organic solvent,
the hydrophilic region of the molecule embeds in the aqueous phase to maximize polar
interactions, and the hydrocarbon region protrudes into the gaseous phase to maximize
hydrophobic interactions.

2.1.2 Micelles
Micelles (Figure 2a) are spherical aggregates commonly formed by single-tailed
lipids such as bile acids and other surfactants. Formed from 10 to over 100 single
molecules in water, micelles minimize their hydrophobic interactions by clustering their
hydrocarbon tails in their interiors and exposing their polar head groups to the
surrounding aqueous medium. In non-polar solvents, inverse micelles are formed, with
the hydrophilic head groups clustering in the center (Figure 2b).

2.1.3 Bilayers
Many lipids, including phospholipids with acyl chains longer than about eight
carbons, do not form micelles because their hydrophobic regions are too bulky to fit
inside the micellar structure31. Instead, these lipids form a common and biologically
important mesophase, the lamellar bilayer (Figure 2c). Lipid bilayers are the major
building blocks of biological membranes that, together with membrane proteins and
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cholesterol, control cell shape and many cell functions such as the storage of compounds,
ion transport, cell fusion, and metabolism.

2.1.4 Liposomes
Because a planar bilayer sheet dispersed in water would be in the energetically
unfavorable position of having its hydrophobic regions exposed to water at its edges, selforganization of phospholipid bilayers usually occurs by the formation of closed vesicles,
often referred to as liposomes (Figure 2d ). Liposomes can be formed in the laboratory
using several approaches, perhaps most easily by spontaneous formation when a thin film
of lipid is heated above a critical temperature in water. Liposomes range in size from tens
of nanometers to tens of microns in diameter and can be made to entrap hydrophilic
materials in their inner compartment and/or hydrophobic materials in their membranes.
Because of their ability to entrap and compartmentalize, liposomes have received
widespread attention as drug delivery vehicles that can be injected into the blood stream
to deliver encapsulated drugs to specific organs, tissues, or cells.

2.1.5 Tubules
In addition to spherical lipid assemblies, these amphiphilic molecules can selfassemble into cylindrical tubules and helical ribbons to minimize their free energy
requirement32,33,34,35. These cylindrical microtubules are fascinating supramolecular
structures formed by rolled-up lipid bilayers. The hollow cylindrical shape and the
crystalline molecular order of the bilayer walls make lipid tubules attractive as a template
for the synthesis of one-dimensional inorganic materials36,37,38,39, a substrate for the
crystallization of proteins 40,41 , and a controlled release system for drug/gene deliver42,43.
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Lipid Molecule

(c) Lipid Bilayer

(a) Micelles

(b) Inverse Micelle

(e) Ribbon
(f) Tubule
(d) Liposomes

Figure 2 Self-assembled structures of lipid. Lipid can self-assemble into different type of
structures, when dispersed in solvent because of its amphiphilic nature.

Lipids are known to form these structures when dispersed in water, however
DC8,9PC (type of phospholipid) is known to form monolayers, bilayers, vesicles, ribbons
and tubules. Micelles and inverse micelles formation is not possible, since DC8,9PC is
two tailed lipid and thus too bulky to fit inside the micellar structure. The main focus of
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this thesis is on the tubules of DC8,9PC which can be made by the rolling up of bilayers
because of chiral-chiral interaction.

2.2 History of Lipid Tubules
In 1983, Yager and Schoen discovered a polymerizable diacetylenic
phosphatidylcholines such as 1,2-di-(10,12-tricosadiynoyl)-sn-glycero-3-phosphocoline
(DC8,9PC) that can form novel hollow tubular microstructures

44,45,46

. Diacetylenic lipid

tubules are straight, rigid, about 0.75 µm in diameter, and can be made to range in length
from a few µm to nearly 1mm, depending on formation conditions. For a brief time it was
believed that zwitterionic diacetylenic lecithins such as DC8,9PC were the only
amphiphiles that can produce tubules and helices. Markowitz and Singh then showed that
phospholipase D can be used to change the headgroup of DC8,9PC from phosphocholine
to phosphoethanol, giving the lipid a net negative charge at pH 7. At pH 5.6 in distilled
water, tubules do not form, but in the presence of 100mM monovalent salt or millimolar
divalents, tubules form and are stable47 . Members of a family of synthetic single chain
amphiphiles (N-octyl-aldonamides) were shown by Fuhrhop to form narrower rods,
whiskers, helices, and cochleate cylinders with axial ratios as high as 104 48,49. Kunitake’s
group then demonstrated that a positively charged chiral amphiphile based on
gluatamate50 forms structures similar to those formed by DC8,9PC.
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2.3 Why DC8,9PC
Though many diacetylenic lipids were found to self-assemble in hollow,
cylindrical structures, but phospholipids with photopolymerizable diacetylenic moieties
in the acyl chains, such as DC8,9PC, are important because of their capability to increase
the durability of the liposomes51,52. This lipid is designated DC8,9PC because it has eight
methylenes between the ester and diacetylene group and nine methylenes between the
diacetylene and the terminal methyl group. The important feature of these lipids is the
multiple carbon triple bonds in the acyl chains which introduces a kink in the chain and
make them unusually rigid.
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DC8,9PC : 1,2-di-(10,12-tricosadiynoyl)sn-glycero-3-phosphocoline
N

Phosphocholine
O
O

P

O

O
H

O

O

O

Chiral Carbon
O

Fatty Acid Chains

Figure 3 Chemical structure and formula of DC8,9PC.

2.4 Why Tubules Form
There have been several approaches published regarding the theory of formation
of tubules and helical ribbons. First, de Gennes53 pointed out that, in a bilayer membrane
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of chiral molecules in the Lβ’ phase, symmetry allows the material to have a net electric
dipole moment in the bilayer plane. In other words, the material is ferroelectric, with a
spontaneous electrostatic polarization P per unit area in the bilayer plane, perpendicular
to the axis of molecular tilt. The electrostatic polarization P gives a net separation of
positive and negative charges across the width of the ribbon. Because these opposite
charges attract, they favor a buckling of the bilayer, which allows them to be closer
together. The electrostatic argument describes a situation that could occur in some bilayer
systems. However, there are two problems with this argument as an explanation for the
tubules that have been studied experimentally. First, it does not explain the helical
markings that are often observed on tubules or the helical ribbons that are often
precursors to tubule formation. Rather, it predicts buckling along the length of a narrow
ribbon, presumably leading to a straight seam along the length of a tubule. This problem
might be addressed by modifications of the electrostatic model54. A more fundamental
problem is that any electrostatic model predicts that tubule formation depends on
interactions that can be screened by electrolytes in solution. Thus, it predicts that low
concentrations of electrolytes should increase the tubule diameter and higher
concentrations should suppress tubule formation. This prediction was tested
experimentally for diacetylenic lipid tubules by Chappell and Yager55. They found that
adding electrolytes to the solution does not affect the formation or radius of the resulting
tubules. Certain specific electrolytes had some effects on tubule wall thickness, but the
general electrostatic effects predicted by the model were not observed. From this
experiment, one can conclude that tubule formation is not primarily controlled by
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electrostatic interactions transmitted through the solvent. Rather, it must depend on some
internal properties of the membrane.
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Figure 4 Electrostatic model for buckling of bilayer ribbon of length l and width
w based on attraction between lines of charge on opposite edges. Left: Side view. Right:
Top view of curvature of ribbon.

Another approach to explain tubule formation was taken by Lubensky and Prost56
and they suggested that a membrane in an Lβ’ phase has orientational order. The clearest
source of orientational order is the tilt of the molecules with respect to the local
membrane normal. The molecules select a particular tilt direction, and hence the local
elastic properties of the membrane become anisotropic. They derived a general phase
diagram for membranes with in-plane orientational order, which predicts cylinders,
spheres, flat disks and tori as the possible shapes. Within the cylindrical phase, the
cylinder radius and length are determined by a competition between the curvature energy
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and the edge energy. The main problem with this explanation for tubule formation arises
from its prediction for the dimensions of the cylinder which was r ∝ l

1

2

between the

tubule radius r and the tubule length l. However, experiments have found no correlation
between r and l. Rather, in a typical sample of tubules, r is quite monodisperse while l
varies widely57. Thus the competition between curvature energy and edge energy is also
not a dominant factor in tubule formation.
A further attempt to explain tubule formation was made by Chen58. His model is
based on a particular kinetic pathway for tubule formation in which lipid molecules
initially self-assemble out of solution into spherical vesicles in the high-temperature Lα
phase and then once they are in spherical vesicles, the molecules redistribute between the
inner and outer monolayers of the bilayer membrane, with more lipid going into the outer
monolayer. The redistribution breaks the bilayer symmetry and gives the membrane a
spontaneous curvature. When the vesicle is cooled to the low-temperature Lβ’ phase, with
orientational order in the membrane, the membrane rigidity becomes anisotropic - it
becomes harder to bend the membrane along the tilt direction than normal to the tilt
direction. In order to reduce the free energy, the membrane distorts from a spherical
vesicle into a cylindrical tubule. To keep the same spontaneous curvature, the tubule
radius must be half of the spherical vesicle radius. One problem with this argument is that
it assumes tubules are non-equilibrium structures which only form through a particular
kinetic pathway, that is, out of preexisting spherical vesicles. This is not the case
experimentally. Tubules are sometimes formed by cooling spherical vesicles, but they
can also be formed directly from dissolved lipid in an isothermal process. A further
problem is that this argument predicts that tubules form with half the radius of the
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preexisting spherical vesicles. Experimentally, the radius of tubules is normally much
smaller than the radius of spherical vesicles, and the radius of tubules is monodisperse
while the radius of spherical vesicles is polydisperse.
A final approach, which is consistent with the experimental results on lipid
tubules, is based on the chiral packing of the molecules in a membrane. Helfrich and
Prost have shown that a chiral membrane in a tilted phase will form a cylinder because of
an intrinsic bending force due to chirality59. This bending force arises because long chiral
molecules do not pack parallel to their neighbors, but rather pack at a slight non-zero
twist angle with respect to their neighbors. This type of packing can be the result of
repulsive interactions (such as steric forces), interactive interactions (such as hydrogen
bonding) or a combination of both. In the context of self-assembled structures in solution,
chiral molecules form bilayer membranes and have some favored tilt with respect to the
local membrane normal. The only way for molecules to twist with respect to their
neighbors is for the entire membrane to twist. Hence, the chiral packing of molecules
favors a twist of the membrane with a characteristic length scale. This chiral length scale
can select a radius for tubules and helical ribbons. To transform this intuitive argument
into a quantitative theory, Nandi and Bagchi60,61 developed a model for the packing of
chiral amphiphilic molecules. Another model for the self-assembly of chiral molecules
into helical aggregates has been developed by Nyrkova and co-workers62,63. But the
simplest model of tubule formation based on chiral elastic properties was developed by
Helfrich and Prost59. They considered the elastic free energy of a bilayer membrane of
chiral molecules with orientational order in the molecular tilt and their model considers
the case in which m i.e. molecular tilt is uniform. To find the optimum tubule structure,
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Helfrich and Prost minimized the free energy over the radius r and tilt direction φ, which
gives them an optimum radius for the tubules and the tilt orientation angle from the
curvature direction as Φ = ±45° , as shown in figure 5. This model was extended in a pair
of papers by Ou-Yang and Liu64,65 in which they draw an explicit analogy between tilted
chiral lipid bilayers and cholesteric liquid crystals.

n

N
l
φ

m

r

(b)

(a)

Figure 5 (a) Geometry for tubule formation based on chiral elastic properties.
Here, r is tubule radius, l is tubule length, n is molecular director, m is projection of n into
local tangent plane (normalized to unit magnitude), φ is angle in tangent plane between m
and curvature direction (equator running around cylinder), and N is local normal vector.
(b) Schematic view of tubule with uniform tilt direction, as indicated by arrows.

Some researchers have generalized the model for tubule structure by eliminating
the assumption that the tilt direction is uniform everywhere on the tubule and allowing it
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to vary. The earliest model with tilt variations was developed by Nelson and Powers, who
considered thermal fluctuations in the tilt direction66,67. This model predicts that the
radius scaling has an anomalous, temperature-dependent exponent. A very different
model of tubules with tilt variations was developed by Selinger et al68,69. Instead of
thermal fluctuations, these authors consider the possibility of systematic modulations in
the molecular tilt direction. The concept of systematic modulations in tubules is
motivated by modulated structures in chiral liquid crystals. To determine whether tubules
can form analogous structures, these authors generalize the free-energy equation and by
minimizing this expression, they determine the optimal tubule radius r and the optimal
configuration of the molecular tilt. This model favors the formation of a striped
modulation in the molecular tilt direction wind around the tubule in a helical fashion,
separated by sharp defect lines as shown in figure 6 (left). Furthermore, the modulation in
the molecular tilt induces a higher order modulation in the curvature, thus giving ripples
that wind around the tubule, also shown in figure 6 (right).
This model for the modulated state of tubules leads to an interesting speculation
on the kinetic evolution of flat membranes or large spherical vesicles into tubules in
which when a flat membrane or large spherical vesicle is cooled from an untilted phase
into a tilted phase, it develops tilt order. Because of the chirality, the tilt order forms a
series of stripes separated by domain walls, as shown in figure 7. The domain walls are
weak lines in the membrane, and the membrane can fall apart along these lines, leading to
a series of narrow ribbons. These ribbons are free to twist in solution to form helices, as
shown in figure 7. These helices may remain as stable helical ribbons or, alternatively,
may grow wider to form tubules, as shown in figure 7.
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Figure 6 Schematic view of modulated state of tubule. Left: Modulation in
direction of molecular tilt, as indicated by arrows. Right: Ripples in tubule curvature (ref.
69).

Figure 7 Scenario for kinetic evolution of flat membranes into tubules.
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2.5 Atomic Force Microscope
The atomic force microscope (AFM) has been proven to be a versatile instrument
for imaging and characterizing materials at micro and nanoscales. This instrument was
invented in 1986 by Binnig, Quate and Gerger70. It was the first of the Scanning Probe
Microscope (SPM), which overcame the limitation of Scanning Tunneling Microscope
(STM) in imaging thin samples on electrically conductive materials. In SPMs, a "probe"
tip is brought very close to the specimen surface (few nanometer), and the interaction of
the tip with the region of the specimen immediately below it is measured. The type of
interaction measured defines the types of SPM: When the interaction measured is the
force between atoms at the end of the tip and atoms in the specimen, the SPM technique
is called Atomic Force Microscopy; when the quantum-mechanical tunneling current is
measured, the technique is called Scanning Tunneling Microscopy. In figure 8, a sketch
of an AFM is presented. The five essential components of an AFM are: A sharp tip
mounted on a soft cantilever spring; a way of sensing the cantilever’s deflection; a
feedback electronic system; a display system that converts the measured data into an
image; a mechanical scanning system.
The tip (that part which directly interacts with the sample) is mounted on the
cantilever. Forces between the tip and the sample deflect the cantilever. The cantilever’s
deflection is detected and converted into an electronic signal that is utilized to reconstruct
an image of the surface. One of the most utilized methods to detect the cantilever
deflections is the optical method. It consists in focusing a laser beam on the back of the
cantilever and measuring the displacements of the reflected beam on a multiple segment
photodiode. The corresponding signals are acquired and processed by a feedback
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electronic. The feedback system is used to control the cantilever deflection and to direct
consequently the piezoelectric scanner movements.

Laser Diode

Position Sensitive
Photodetector
Mirror

Cantilever
Feedback Loop

Tip

z
y
x
Piezo
Display System

Figure 8 Schematic figure of AFM.

When the tip translates laterally (horizontally) relative to the sample surface, one
measures the sample topography. When the tip moves back and forth at one fixed point of
the sample surface, the forces between tip and surface deflect the cantilever. One
measures the cantilever deflection d and the force acting on the cantilever is the product
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of the cantilever spring constant k and the cantilever deflection d. This yields two curves
(for the approach and the withdrawal), the so-called force-distance curves.

2.5.1 Force Distance Curves
Atomic Force Microscope can not only be used for imaging the topography of
surfaces but also for measuring forces on the molecular level. The AFM has been used
for measuring binding forces between single molecules and for observing conformational
changes when stretching single molecules. Because it is also possible to apply welldefined small forces on a sample, the AFM was soon used as a nanoindenter measuring
elastic properties, this method has also been applied to biological samples.
The force-curve measurement starts with the sample far away and the cantilever
in its rest position. As the tip approaches the sample, the cantilever bends towards the
sample due to attractive surface forces. The force that causes the cantilever to show
forward deflection is pull-on force. As we continue the forward motion of the sample, it
pushes the cantilever back through its original rest position until a predetermined sample
position is achieved which corresponds to the maximum applied load. At this point, the
sample direction is reversed such that the sample moves away from the cantilever, i.e.,
the load is removed. The cantilever movement also changes direction, passing through
the position corresponding to the pull-off force, until the cantilever separates and returns
to its rest position when the sample is once again far away. In general, the pull-off force
or adhesion is greater than the pull-on force. The step by step illustration of the forcedistance curve is shown in figure 9.
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Figure 9 Schematic of force-distance curve by Atomic Force Microscope

2.5.2 Operating Modes
The image contrast in AFM can be achieved in many ways. The three main
operating modes are distinguished on the interaction that tip and sample experience.

a) Contact Mode (CM) As the name suggests the tip and sample remain in close
contact as the scanning proceeds. By "contact" we mean the repulsive regime of the force
curve. While the tip scans the surface, the cantilever deflection changes due to the surface
profile and a feedback loop maintains a constant cantilever deflection by changing piezovoltages. The image is obtained displaying the piezo-voltages.
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Advantages:
¾ High scan speed (though the real velocity depends on the scan size)
¾ The only mode that can obtain "atomic resolution" images
¾ Rough samples with extreme changes in topography can sometimes be scanned
more easily
Disadvantages:
¾ The high lateral (shear) and normal forces can damage soft samples (i.e. polymers
or biological samples)

b) Tapping Mode (TM) The cantilever is oscillated below its resonant frequency
and with higher oscillation amplitude (20 to 100 nm). The cantilever is positioned above
the surface so that it touches the surface for a very small fraction of its oscillation period.
The oscillation amplitude is the signal responsible for the imaging contrast.
Advantages:
¾ High lateral resolution (upto ~1 nm)
¾ Imaging condition more stable than in Non Contact Mode
Disadvantages:
¾ Lower scan speed than contact mode
¾ Higher normal forces than Non Contact Mode

c) Non Contact Mode (NCM) The cantilever is oscillated above its resonant
frequency with small oscillation amplitude (<10 nm). The tip does not touch the sample
that means that the tip-sample distance corresponds to the attractive force regime (mainly

28

van der Waals forces). The resonance frequency of the cantilever is decreased by the
attractive forces and this in turn changes the oscillation amplitude. The image is obtained
keeping the amplitude constant.
Advantages:
¾ Lower lateral resolution (1 to 5 nm)
¾ Lower lateral and normal forces and less damage to soft samples
Disadvantages:
¾ Lower scan speed than contact mode
¾ Quite instable imaging conditions

The images in this thesis were taken from Tapping and Contact Mode while the
force-distance curves were taken in Tapping Mode.

2.5.3 Comparison of AFM with other Techniques
2.5.3.1 AFM versus STM
It is interesting to compare AFM and its precursor - Scanning Tunneling
Microscope. In some cases, the resolution of STM is better than AFM because of the
exponential dependence of the tunneling current on distance. The force-distance
dependence in AFM is much more complex when characteristics such as tip shape and
contact force are considered. STM is generally applicable only to conducting samples
while AFM is applied to both conductors and insulators. Furthermore, the AFM offers the
advantage that the writing voltage and tip-to-substrate spacing can be controlled
independently, whereas with STM the two parameters are integrally linked.
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2.5.3.2 AFM versus SEM
Compared with Scanning Electron Microscope, AFM provides extraordinary
topographic contrast, direct height measurements and unobscured views of surface
features (no coating is necessary).
2.5.3.3 AFM versus TEM
Compared with Transmission Electron Microscopes, three dimensional AFM
images are obtained without expensive sample preparation and yield far more complete
information than the two dimensional profiles available from cross-sectioned samples.
2.5.3.4 AFM versus Optical Microscope
Compared with Optical Interferometric Microscope (optical profiles), the AFM
provides unambiguous measurement of step heights, independent of reflectivity
differences between materials.

2.6 Soft Lithography
The hollow cylindrical shape of lipid tubules and spherical shape of lipid vesicles
are fascinating supramolecular structures formed from lipid bilayers. However, the
potential of these structures for fabrication of devices and other applications is limited in
part by difficulties in precise control over their density, position and orientation on
substrates. Soft lithography 22, pioneered by Whitesides and co-workers, is a versatile and
cost effective patterning technique for the micro- and nano-fabrication. Microcontact
printing

(µCP)71,

replica

molding

(REM)72,
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microtransfer

molding

(µTM)73,

micromolding in capillaries (MIMIC)74or microfluid network45, and solvent-assisted
micromolding (SAMIM)75, are collectively, known as “soft lithography”76,77 techniques.
The success of soft lithography relies on the use of a poly (dimethylsiloxane) PDMS
elastomer as a stamp or mold. Using soft lithography, a variety of materials such as
organic molecules78, proteins79, colloids80, polymers81, and lipid bilayers82 can be
immobilized on specific areas of a substrate. In our experiments, microfluidic networks
were used to align lipid tubules and microcontact printing was used to align lipid vesicles
on the glass substrate.

2.6.1 Microcontact Printing
Microcontact printing (µCP) is a flexible, non- photolithographic efficient method
for pattern transfer83. It utilizes an elastomeric PDMS stamp to transfer molecules of the
“ink” to the surface of the substrate by contact (figure 10A). A conformal contact
between the stamp and the surface of the substrate is the key to its success. Printing has
the advantage of simplicity and convenience: Once the stamp is available, multiple copies
of the pattern can be produced using straightforward experimental techniques. Printing is
an additive process; the waste of material is minimized. Printing also has the potential to
be used for patterning large areas. Although contact printing is most suitable for twodimensional fabrication, it has also been used to generate quasi three- dimensional
structures through combination with other processes such as metal plating84. It can, in
principle, be used for many micro- and nanofabrication tasks and is a low-cost process. In
particular, it can be applied to types of patterning where optically based lithography
simply fails, for example, patterning nonplanar surfaces85.
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2.6.2 Microfluidic Network
Microfluidic network (µFN) represents another non-photolithographic method
that forms complex microstructures on both planar and curved surfaces45. In µFN, as
shown in figure 10(B), the PDMS mold is placed on the surface of a substrate and makes
conformal contact with that surface; the relief structure in the mold forms a network of
empty channels. When a low-viscosity liquid solution is placed at the open ends of the
network of channels, the liquid spontaneously fills the channels by capillary action. After
filling the channels and drying the solution for sometime, the PDMS mold is removed,
and a network of material remains on the surface of the substrate. µFN depends on the
principle of simple and well-known phenomenon of capillary filling. The dynamics of
wetting and spreading of liquids in capillaries has been studied systematically86,87, 88. The
flow of a liquid in a capillary occurs because of a pressure difference between two
hydraulically connected regions of the liquid mass, and the direction of flow decreases
this difference in pressure.
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Figure 10 Schematic illustration of Soft-Lithographic techniques.
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CHAPTER 3. EXPERIMENTAL

3.1 Lipid Vesicle Synthesis
DC8,9PC vesicles were prepared according to the standard procedure89. Briefly,
dried DC8,9PC was hydrated in water at a concentration of 2mg/mL. The suspension was
incubated at 50°C and sporadically vortexed for three hours and then extruded 10 times at
50°C through a 0.1 µm Nucleopore membrane using a Lipex extruder. The resulting
DC8,9PC vesicles were polymerized with UV light.

3.2 Lipid Micro and Nano-Tubule Synthesis
Lipid microtubules were prepared by controlling the cooling process of a 5
mg/mL suspension of 1,2-bis(pentacosa-10,12-diynoyl)-sn-glycero-3-phosphochloline
(DC8,9PC) (Avanti Polar Lipids, Alabaster, AL) in ethanol/water (70:30 v/v), following
the standard procedure
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, i.e. the lipids were first dissolved in alcohol, and then mixed

with water above the chain melting temperature Tm followed by slow cooling of the
mixture. Polymerization of the microtubule suspension was performed with UV
irradiation (254 nm) for 20 min at room temperature. The tubules formed this way are
longer and less fragile than tubules formed in pure water.
Detailed microscopy studies have found that the length distribution and thickness
depend on the alcohol used. In particular, tubules formed in methanol/water solution
consist predominantly of single bilayer walls and are of maximal length of ~100µm,
while tubules formed in ethanol/water solution have multiple bilayers and are longest at
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~70µm90 . Another approach for controlling the tubule length and wall thickness is to
change the rate of cooling through Tm. Decreasing the cooling rate has been found to
increase greatly the average length of tubules and decrease the thickness of the walls in
ethanol/water solutions91. However, the tubule diameter appears to be independent of the
cooling rate and alcohol/water solvent. The only approach that has changed the diameter
has been to alter the molecular structure of the lipid head group. Thus, lipid nanotubules
were made by mixing DC8,9PC with 1,2-dinonanoyl-sn-glycero-3-phosphocholine
(DNPC) as described previously (reference). The UV irradiation of the nanotubule
suspension was conducted at 10°C to avoid the lipid phase transition. The polymerized
nanotubule suspension was immediately used after the UV irradiation.

3.3 Sample Preparation
3.3.1 Characterization of Lipid Structures
Glass slides were used as substrates in our experiments. They were cleaned in 1:1
methanol-hydrochloric acid for 30 min, followed by boiling in distilled water at 100°C
for 15 min and washing with water. These substrates are hydrophilic with a water contact
angle of about 8°. A drop of lipid solution was placed on the cleaned glass substrate and
the sample was dried under ambient room temperature conditions. The sample was
placed in the closed chamber before imaging.
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3.3.2 Patterning of Lipid Tubules and Vesicles
3.3.2.1 Lipid Vesicles
Polymerized lipid vesicles were aligned on the glass substrate using both
microcontact printing (µCP) and microfluid network (µFN) approaches. In the µCP
approach, the polymerized vesicles were used as an ink for contact printing. The PDMS
stamp was immersed into a vesicle suspension for 10 s and then placed on the surface of
a cleaned glass substrate to form a conformal contact. After ~ 5 minutes contact with the
surface, the stamp was carefully removed. The vesicles were transferred in the area in
which the stamp was in contact with the surface. Schematic illustration of the patterning
of vesicles with microcontact printing is shown in figure 12. The spacing between the
patterned lines of the vesicles can be controlled by controlling the channel widths in the
PDMS stamp.
(a)

(b)

Figure 11 Schematic representation of alignment of vesicles using microcontact
printing technique
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The procedure for µFN approach is similar to the above mentioned for the
alignment of lipid tubules. The results for the alignment of vesicles are different for the
two different approaches of the soft lithography. All samples were dried and stored in
closed chambers in air before imaging.

3.3.2.2 Lipid Tubules
An oxygen plasma treated poly (dimethylsiloxane) (PDMS) stamp having a
defined network of hydrophilic channels was used in microcontact printing (µCP) and
microfluid network (µFN) approaches. The channels have a height of 800 nm and width
of 1 µm and 2 µm wide. They are separated by 2 µm and 4 µm, respectively.
Microfluidic networks (µFN) were used to align lipid tubules on glass substrates.
In the µFN technique, PDMS stamp having parallel channels was carefully placed on a
cleaned glass substrate to form rectangular capillaries. The water contact angle on the
treated PDMS stamp is about 12 °. A droplet of tubule suspensions was pulled into the
rectangular capillaries from one of the open ends by capillary action. The tubule solutionfilled capillaries were dried in air at room temperature. After removal of the PDMS
stamp, the aligned lipid tubules left on the glass substrate, as shown in schematic figure
11.
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(a)

Figure 12 Schematic representation of alignment of the tubules using
microfluidic network.

Lipid nanotubules can also be patterned using the same principle, though it was
observed that the lipid nanotubules are aligned at the edges of the channels which can be
explained within the framework of dewetting.

3.3.3 Silica Deposition
The deposition of silica films was carried out by exposing the aligned lipid
tubules to a silica colloid solution (Du Pont Chemical Co. Wilmington, DE) at pH 8.3.
The silica particles are about 10 nm in diameter. Samples were removed from the
solution after six days and then rinsed with water. Also, the Ludox solution and lipid

38

solution were mixed together in the ratio of 1:1 and then the silica coated tubules were
aligned using the micro-contact printing approach.
To get silicon half cylinders, phospholipids tubule was first immobilized on the
substrate and then it was used as the template to form inorganic structure. The OH group
in silica solution is responsible to make bond with NH of phospholipids tubule, enabling
the tubule to be properly coated with silicon beads. Because, the whole surface of tubule
does not come in contact with silica solution, and hence only upper half of the cylindrical
lipid tubule was coated with the beads. The tubules can be easily removed by shaking the
sample gently in the water for sometime, ensuing half silicon cylinders.
The silicon half cylinders can be patterned by using the well ordered lipid tubules
as template. Phospholipids tubules were first aligned on the bare glass substrate using the
two soft lithographic techniques – Microfluid network (µFN) and microcontact printing
(µCP). In µFN approach, an oxygen plasma treated poly (dimethylsiloxane) (PDMS)
mold was carefully placed on a glass substrate to form a defined network of hydrophilic
channels in which fluids flow within confined areas and then a droplet of a tubule
suspension was placed along one of the open ends of the channels, so that the lipid
tubules fill the network of the channels by capillary action resulting in alignment of lipid
tubules.
However in µCP approach, the phospholipids tubules were used as ink for contact
printing. The PDMS stamp was immersed into a tubules suspension for 10 s and then
placed on the surface of a cleaned glass substrate to form a conformal contact. After ~ 1
hour contact with the surface, the stamp was carefully removed, resulting in the
alignment of lipid tubules. After patterning the lipid tubules on the substrate, the sample
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was placed in the colloidal silica solution for about a weak. The lipid tubules can be
easily removed by shaking the sample gently in the water for sometime, ensuing in the
patterned half silicon cylinders.

Silica deposition on
aligned tubules

Removal of tubules to
get silica half cylinders

Figure 13 Schematic illustration of patterning of silica half cylinders
To form full silicon cylinders, the colloidal silica solution and the tubules
suspended solution were mixed in approximately 1:1 ratio and the solution was kept as
such for about 7 days to ensure the proper coating of beads onto the tubules. However,
the thickness of the coating can be controlled as it is a dynamic process. And then
microcontact printing (µCP) was used to pattern the full silica cylinders.
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Alignment of silica
coated tubules

Removal of tubules
to get silica hollow
cylinders

Figure 14 Schematic illustration of patterned silica full hollow cylinders

Atomic Force Microscope (Dimension 3100, Veeco Metrology Group) was used
to visualize the patterning of silica structures over a large area and Scanning Electron
Microscope (JEOL 6400F SEM) was used for the element analysis of the silica coated
lipid tubules.

3.3.4 Crossbar Array of Lipid Tubules and Vesicles
Crossed bar array of lipid tubules and vesicles were formed by forming the first
layer of the aligned tubules and vesicles on the substrate and then adding the second layer
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of aligned tubules and vesicles by repeating the alignment process at 90° to that of
previous one. This crossed 3-dimensional structure can also be used as the template for
the silica deposition to form complex 3-D inorganic structure with controlled
morphology.

3.3.5 Cutting and Manipulation of Tubules
Tubules were cut into the desired length by aligning them in one direction using
soft-lithographic techniques and then placing PDMS stamp over the pre-aligned tubules
and applying large pressure on the stamp. It was found that the portion of the pre-aligned
tubules, which are in contact with the mold, can be cut to the precise length.
The bending of the tubules in any desired direction can be achieved by
manipulating the channels of the PDMS stamp. The principle behind the bending of the
tubules is again the microchannel flow.

3.4 Characterization Tools
3.4.1 Atomic Force Microscope (AFM)
Self-assembled structures were imaged with tapping mode and contact mode
Atomic Force Microscopy (AFM) (Dimension 3100, Digital Instruments). AFM was also
used to study the structures and stability of the patterned vesicles and tubules on glass
substrates. Silicon nitride cantilevers (Nanosensors) with normal spring constants of
about 28 N/m and resonant frequencies between 250 and 330 kHz were used. The
cantilever was excited just below its resonant frequency. All AFM measurements were
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performed in air under ambient conditions at the scan rate of 0.5 Hz. All the images were
analyzed using the Nanoscope software.

3.4.2 Scanning Electron Microscope
Scanning electron microscope (JEOL 6400F) was used to obtain high resolution
images of the silica coated tubules. The images were taken at the voltage of 10kV and the
magnification range of 20,000x. The sample (2-3mm) was made on the thin gold
substrates by putting the drop of the lipid solution on the substrate and keeping the
substrate at 45° for about 6h to completely dry. The chemical composition of individual
silica coated tubules was analyzed by energy-dispersive spectroscopy (EDS).

3.4.3 Optical Microscope
Optical microscope (BX 60 Olympus) was also used to visualize the patterning of
lipid tubules and vesicles over a large area. Images were captured using a digital camera
(Olympus C2020 Zoom) mounted on the microscope.
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CHAPTER 4. RESULTS AND DISCUSSION

4.1 Characterization of Self-Assembled Supramolecular Structures
4.1.1 Atomic Force Microscopy
4.1.1.1 Lipid Vesicles
Lipid vesicles are known to be self-assembled colloidal particles that occur
naturally and can be prepared artificially92, as shown by Bangham and his students in the
mid-1960s93. Figure 15(a) shows an AFM image the polymerized lipid vesicles adsorbed
on a glass substrate. They remain intact after dried in air for two days. Here, the apparent
widths of the polymerized lipid vesicles in the AFM image are broadened by the tip
convolution. The measured height of the vesicles is unaffected by the tip size, and we
find that it is about 100 ± 30 nm, which agrees with the diameter of the vesicles measured
by light scattering in solutions 94. But the un-polymerized lipid vesicles collapse and form
planar bilayer domains with the smooth surface, Figure 15(b). It is clear that
polymerization in the bilayer wall prevents the collapse and fusion of lipid vesicles on
glass substrates.
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Figure 15 Tapping mode AFM images of the polymerized vesicles (a) and
unpolarized vesicles (c), immobilized on the substrate. (b) Represents the height profile
of the vesicle measured along the line drawn in (a).
4.1.1.2 Helical Ribbons
Several authors

33, 34, 45, 50

amphiphilies in electron

33, 45, 50

have observed helical bilayer structures of several

and optical microscopy
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. It was found that helices

originated from vesicles or liposomes in water upon cooling the samples through the
freezing temperature of the bilayer; however little is known about the process of their
formation. The reported helical structures were predominantly freestanding strips wound
around as cylinders. They looked very regular and had radii of 15nm for one material,
and near 0.1 and 1µm for another. Apparently they were single bilayers. The pitch of the
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free spirals was never much larger than the width of the strip. In the course of time the
gaps tended to narrow so that subsequent turns of the helix fused to form a tube.
The ribbons of DC8,9 PC were immobilized on the surface for their structure
study. The pitch of the helical ribbon and the pitch angle, defined as the angle between
the axis and the contour of ribbon can be measured, without any systematic error. The
helical ribbon shown in figure 16(a) has a pitch of ~ 1.5 µm and a pitch angle of ~ 37°.
Similar values were observed in electron microscopy 57, where the sample was frozen in
solution, eliminating the effect of the drying and the substrates. The height of the ribbon
(figure 16b) was measured as ~ 96nm, which corresponds to approximately fourteen
stacks of bilayers.
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Figure 16 (a) Represents AFM image of the ribbon immobilized on the substrate
and (b) represents the height profile measured along the line drawn on the ribbon in (a).
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Figure 17(a) shows the AFM image of the stabilized ribbon and 17 (b) shows the
AFM image of the ribbon which is in the intermediate state for the formation of the
tubule. The pitch angles at the start and at the end of the ribbon (figure 17b) were
measured as ~ 48 and ~ 34°, respectively. Apparently, the angle becomes smaller and
smaller and the multibilayer ribbon twists into a cylinder with spiral gaps. It is clear from
the figure that as the gap closes the ribbon transfers into a tubule.

(b)

(a)

2 µm

1µm

Figure 17 (a) and (b) shows the AFM images representing the closing of the
spiral gap of the ribbon leading to the formation of tubules.

4.1.1.3 Lipid Microtubules
Lipid microtubules made from the diacetylenic lipid (DC8,9PC) form
spontaneously while passing through a phase transition temperature during a controlled
cooling process. These microtubules are known to have hollow and open ended structures
with a lumen diameter of approximately 0.5µm32. These rigid, straight tubules can be
made to range in length from a few µm to nearly 1mm. To characterize our microtubules,
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Atomic force microscopy was used as the research tool. Images show that there exist two
types of tubules in the solution – smooth tubules with no helical markings on them and
tubules with helical markings on their surface. Figure 18(a) shows an AFM image of
smooth tubule. Height profile (figure 18b) shows the height of the tubule as 225nm,
which corresponds to the diameter of the tubule, which agrees with the range of diameter
of single lipid microtubule
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. The width of the tubule was measured as 1 µm. The

increase in the width of the tubule as compared to the height of the tubule is because of
the tip convolution effect of the AFM tip (figure 19). To ignore the tip convolution effect,
we always measured the height of the structures instead of the width in our studies,
except otherwise mentioned. The measured thickness of the bilayers at the open end of
the tubule (figure 18c) is ~94 nm, corresponding to a stack of ~14 lipid bilayers. The
thickness of the lipid bilayer, which has been determined by x-ray diffraction from
multiple bilayer tubules, is about 6.6nm 91.
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Figure 18 (a) AFM image of smooth tubule formed by rolled up lipid bilayers. (b) shows
the height profile measured along “red” line drawn in (a). (c) represents height profile
measured along drawn “green” line in the AFM image 15(a).
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Figure 19 Schematic illustration of tip convolution effect of the AFM tip.
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It was observed that the microtubules collapse after being dried for a long time at
room temperature (figure 20). The collapsed tubules show “double peak” morphology. A
few of the cracks, which are perpendicular to the axis of the tubules, are visible on the
collapsed tubule surface. However, after being immersed in water, the lipid tubules
resume their original shapes, suggesting elastic deformation of the tubule walls.
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Figure 20 (a) AFM image of the collapsed lipid tubule and (b) height profile
along the line drawn on the tubule in 17(a)

Figure 21 (a) and (b) shows AFM images of tubules with helical markings on
their surface. These helical markings may be the edges of helical ribbons wrapped around
the inner tubule core69 which are visualized after the collapse of the tubule because of
drying. The measured thickness of the helical ribbons that wind around the tubule is ~ 48
nm, which corresponds to the stack of ~ 7 lipid bilayers.
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(a)

(b)
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Figure 21 (a) AFM image of tubule with helical marking on it. (b) Represents
high resolution AFM image of the helical tubule along the rectangle drawn in (a).

4.1.1.4 Lipid Nanotubules
It has been mentioned in the literature that the diameter of the tubules can be
manipulated by changing their head groups69. Nano-tubules can be made by mixing
DC8,9PC and DNPC. Figure 22 shows AFM images of the polymerized nanotubules made
of the DC8,9PC and DNPC on glass substrates. Here a drop of a dilute tubule solution was
quickly dried on glass substrates in air at room temperature. Both helical (Figure 22a) and
cylindrical nanotubules (Figure 22b) are observed on the glass substrates. The measured
height of the lipid nanotubules is about 55 nm, which is close to the diameter of single
lipid nanotubules. The average width of the nanotubules measured in the AFM images is
about 130 nm. Much of the difference in the widths can be attributed to the geometrical
effects of the AFM tip. It has been reported that the nanotubules are not stable and
undergo the phase transition in solutions as the temperature rises95. In our case, quick
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immobilization of the lipid nanotubules on the glass substrate might freeze the phase
transition.

(a)

(b)

2 µm

2 µm

Figure 22 AFM images of lipid helical (a) and cylindrical nanotubules (b)
immobilized on glass substrates. The freshly prepared samples were quickly dried on the
glass substrates in air at room temperature.

4.2 Patterning of Lipid Tubules and Vesicles
4.2.1 Patterning of Lipid Vesicles
It is well known that the adsorption of lipid vesicles on solid substrates can lead to
the formation of planar, extended bilayers and monolayers through the fusion and rupture
processes96. A number of techniques have been already developed to immobilize lipid
vesicles on solid substrates. However, to pattern these hollow spherical structures was
still a challenge. To address this challenge of patterning vesicles onto the solid substrate,
a novel strategy based on the combination of biomolecular recognition with
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micropatterned surfaces has been developed to control the location of immobilized
vesicles on a substrate97, 98, 99. But multistep chemical reaction processes are involved in
the method. In our study, we demonstrate that soft lithography techniques22 such as
microcontact printing (µCP) and microfluid network (µFN) can be used as a simple and
direct method for patterning polymerized lipid vesicles of 1,2-bis(tricosa-10,12-dinoyl)sn-glycero-3-phosphocholine on glass substrates. AFM studies show that the patterned
lipid vesicles are stable on glass substrates without the chemical and biological linkers.
In the µCP approach, the polymerized vesicles were used as an ink for contact
printing. The PDMS stamp was immersed into a vesicle suspension for 10 s and then
placed on the surface of a cleaned glass substrate to form a conformal contact. After ~ 5
mins contact with the surface, the stamp was carefully removed. Figure 23(a) is a lowresolution AFM image of a printed glass surface. Parallel vesicle stripes with a width of 2

µm and a separation of 7 µm are observed over a large area on the glass substrate. This
periodicity of the vesicle stripes corresponds well with the structural features in the
PDMS stamp. The height profiles show that the printed vesicle stripes are no more than
150 nm high. This means that only a single layer of the polymerized vesicles is deposited
during the printing. The printed vesicles are not highly condensed. Isolated vesicles are
clearly visible within the stripes from the high-resolution AFM image shown in Figure
23(b). The vesicle stripes show sharp edges without obvious diffusion. The
immobilization of the printed vesicles might be a result of the electrostatic interaction
between the negatively charged surfaces of the glass substrate and the positively charged
head-groups of the DC8,9PC. The deposition of silica colloidal particles on the lipid
tubules made of the DC8,9PC based on the electrostatic interaction has been reported100.
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Figure 23 Low-resolution (a) and high-resolution (b) tapping mode AFM images
of vesicle stripes printed on glass substrates with microcontact printing (µCP) approach.

In the µFN approach, a drop of a vesicle solution was placed along one of the
open-ended channels of the PDMS mold. The polymerized lipid vesicles were filled into
the network of the channels by capillary action. The vesicle solution-filled channels were
allowed to dry in air at room temperature. After removal of the PDMS mold from the
glass substrate, the patterned vesicles were imaged in air. Figure 24(a) is an optical image
of a patterned glass substrate with the polymerized lipid vesicles. The parallel vesicle
stripes (lighter regions) are separated by 2 µm and 5 µm, respectively. The width of the
vesicle stripes corresponds to the width of the channels recessed in the PDMS mold,
suggesting that all vesicles were confined within the channels and did not diffuse across
the glass surface following removal of the PDMS mold. Once forming the first layer of
the parallel vesicle stripes on the glass substrate, the second layer of the parallel vesicle
stripes can be added on it by repeating the process at 90º to form a crossbar array (Figure
24b). The AFM image in figure 24(c) shows the aggregates of the lipid vesicles within
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the stripes. The average thickness of the stripes measured by the AFM is about 380 nm,
corresponding to 3-4 vesicle layers.

(a)

(b)

50 µm

50 µm

(c)

5 µm
Figure 24 Optical microscopy images of parallel (a) and cross (b) arrays of
vesicle stripes formed on the glass substrate with microfluid network (µFN) approach. (c)
AFM image of parallel arrays of vesicle stripes. The capillary force is the main principle
behind the patterning by this approach. All vesicles were confined within the fluid
channels.

In the case of using a very dilute vesicle solution, we find that the edges of the
channels can act as pinning sites for the immobilization of the lipid vesicles. The solution
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filled microchannels were placed in a vacuum chamber. As solvent evaporates rapidly,
the residual solution recedes into two corners of the channel (figure 25a). As a result, the
vesicles are transferred to the edges of the channels via the capillary force, producing the
vesicle lines. It is clear from the AFM image shown in figure 25(a) that these parallel
lines consist of individual vesicles aligned along the edges of the channels and replicate
the periodicity of the PDMS stamp. We note that with the slight increase in the vesicle
concentration, more vesicles are transferred to the edges of the channels, leading to an
increase in the width of the vesicle lines. These results suggest a possibility to downsize
the printed features with respect to the size of the channels by controlling the vesicle
concentration and dewetting. Dewetting occurring within microchannel networks has also
been used to align nanowires102,

103, 104

and position block-copolymer micelles105. The

vesicle lines can be selectively removed from the glass substrate when the sample was
placed under water with lift-up method. In the process, a PDMS mold was brought to
contact with the vesicle lines on a glass substrate under water at a large pressure. The
direction of the channels in the PDMS stamp was arranged to be perpendicular to the
direction of the vesicle lines. After 5 mins contact under water, the PDMS mold was
carefully peeled away. The sample was then taken out from water and imaged by the
AFM in air. We find that the vesicle lines in contact with the PDMS mold are selectively
removed from the glass substrate (Figure 25b). Here certain pressures on the PDMS
stamp are required to remove the vesicles from the glass substrate. So it is likely that the
lipid vesicles, which are in contact with the stamp, are destroyed by the physical contact
with the stamp and dissolve in water. The remaining vesicle lines show a two-
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dimensional “smectic” structure on the glass substrate. The same approach has been used
to blot the supported lipid bilayers from the glass substrates101.

(a)
(b)

10 µm

10 µm

Figure 25 (a) and (b) Represents AFM image of a parallel array of vesicle lines
formed on glass substrates with microfluid network approach. All vesicles align along the
edges of the fluid channels.

4.2.2 Patterning of Lipid Microtubules
The hollow cylindrical shape and crystalline molecular order of the bilayer walls
make lipid tubules attractive as a template for a number of industrial and technological
applications. However, the potential of lipid tubules for fabricating devices is limited in
part by difficulties in precise control over their density, position and orientation on
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substrates. Here, we are demonstrating a simple method based on microfluidic networks
(µFN) to assemble lipid tubules into parallel and crossbar arrays on substrates.
Figure 26 is an optical microscopy image of 2-D parallel arrays of the aligned
microtubules on a glass substrate. It can be seen that the microtubules with different
lengths are aligned parallel along one direction i.e., the flow direction over a large area on
the glass substrate. The separations of the parallel-aligned tubules are about 2 µm and 5

µm, respectively. Thus, it is clear that the separations can also be controlled by designing
the PDMS stamp accordingly.

10 µm

Figure 26 An optical microscopy image of parallel arrays of the aligned lipid
tubules with separation of 2 µm and 5 µm on a glass substrate.

Figure 27(a) is an AFM image of the parallel-aligned microtubules with a
separation of about 2 µm. This AFM image was taken 6 hours after the tubules were
dried in air at room temperature. These parallel-aligned tubules show cylindrical external
surface with a height of about 470 nm, which agrees with the diameter of single lipid
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microtubules tubules. The apparent width of the microtubules in the AFM image is broad
by the geometry of the AFM tip. The ends of the parallel-aligned tubules with a
separation of about 5 µm are visible in the AFM image (Figure 27b). Here the tubules,
which are aligned within single channels, are not connected. There are gaps between
them, representing the end of the one tubule and the starting of the other. The edges of
the helical bilayer are visible near the ends of the tubules.

(b)

(a)

5 µm

5 µm

Figure 27 AFM images of parallel-aligned lipid tubules with a separation of 2 µm
(a) and 5 µm (b). The samples were dried in air at room temperature for 6 hours before
imaging.

These aligned tubules deform on glass substrates through flattening after drying in
air at room temperature for a week. Some of them are only 210 nm high with a flattened
top surface (Figure 28a). Despite the significant deformation, there are no cracks and
breaks observed on the flattened tubules. Occasionally, the alignment of double tubules in
a single channel (1 µm wide) is also observed (Figure 28b). Though, the electrostatic
force between the tubules will tend to repel them, but sometimes according to their sizes
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and position near the channels of the PDMS stamp, channel flow force may overcome the
repulsion. Thus, we can see double or sometime triple tubules in a single channel. By
imaging the end of the lipid tubule highlighted in the Figure 28b at a high resolution, we
observe helical markings (Figure 28c). They are the edges of the lipid bilayer wrapped
around the inner tubule core. The cross section measurement along the line drawn in
Figure shows that the edges are about 14.3 and 43.2 nm high (Figure 28d), corresponding
to a stack of two and six lipid bilayers, respectively.
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Figure 28 (a) and (b) Low resolution AFM images of parallel arrays of the
aligned lipid tubules on glass substrates. The samples were dried in air at room
temperature for a week before imaging. (c) A higher resolution AFM image taken from
the part of the tubule marked in Figure 28b. (d) Cross-section along the line drawn in
Figure 28c.
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After being dried in air at room temperature for a month, we find these aligned
microtubules collapse in the middle. The collapsed tubules show “double peak”
morphologies (figure 29a). A few of the cracks, which are perpendicular to the tubule
axis, are visible on the collapsed tubule surfaces. If the sample is sealed in a humidity
chamber for a month, we find that the high humidity can prevent the tubules from the
collapse (figure 29b). If we place the flattened tubules in water, they resume their
cylindrical shapes, suggesting elastic deformation of the tubule walls. Also, this indicates
the stability of these cylindrical structures on the substrate. The structures did not wash
out with water in one month.

(b)

(a)

5 µm

5 µm

Figure 29 AFM images of parallel arrays of the aligned lipid tubules on glass
substrates. The sample was kept in air (a) and in a humidity chamber (b) for a month.

Once forming the first layer of aligned tubules on a glass substrate, the second
layer of the aligned tubules can be added on it by repeating the alignment process at 90º
to form a crossbar array. Figure 30 shows a crossbar structure between two aligned
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microtubules. Both tubules show helical markings. A bending contour at the junction is
visible.

Helical
Markings

1µm

Figure 30 Tapping mode AFM image showing the crossbar array of lipid tubules.

4.2.3 Patterning of Lipid Nanotubules
Soft Lithography can be used to pattern lipid nano-tubules also. By pulling a
dilute nanotubule solution into the microchannels with capillary action, we find that the
edges of the channels can act as pinning sites for the immobilization of the nanotubules.
Figure 31(a) is an AFM image of parallel-aligned nanotubules which are formed by
dewetting within the hydrophilic microchannels. In our experiments, the solution-filled
microchannel was dried in air at room temperature. When solvent evaporates rapidly, the
residual solution is expected to recede into two corners of the hydrophilic channel. As a
result, the flow-aligned nanotubules are transferred to the edges of the channels via the
capillary force as shown in schematic figure (Figure 31b). The parallel-aligned
62

nanotubules shown in Figure 31(a) are separated by 2 µm, which reflects the feature of
the microchannels (width: 2 µm and spacing: 2 µm). This also confirms that the
nanotubules are indeed aligned along the edges of the channels. Other groups have also
used the dewetting occurring within microchannels to align inorganic nanowires102,103, 104
and position block-copolymer micelles105.

a

2µm

Figure 31 (a) AFM image of a parallel array of the aligned nanotubules on a glass
substrate. (b) Schematic illustration of receding of tubule solution within a channel
during dewetting. The tubules are confined at the two edges of the channel.

If a mixed nano/microtubule solution is filled into the microchannels by capillary
force, a complex parallel array containing both aligned micro- and nanotubules is formed
on a glass substrate (figure 32). Again, lipid nanotubules align along the corners of the
channels. In this case, they are separated by 1 µm. It is clear that by changing the width
of the channels, we can control the separation of the parallel-aligned nanotubules.
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2 µm

Figure 32 AFM tapping mode image of a complex parallel array of aligned
nano/microtubules

4.3 Manipulation of Lipid Tubules
4.3.1 Lipid Microtubules
It was found that µFN can be used to bend lipid tubules into a complex shape and
cut them into a precise length. By manipulating the channels of the PDMS stamp, lipid
tubules can be bent into different shapes. Figure 33(a) shows the AFM tapping mode
image of the bent tubule. The principle behind bending of the tubule is capillary force.
When the channel is blocked from the front, the tubule will tend to bend and go into the
simultaneous channel depending upon if there is any opening between the two channels,
because of the capillary pressure acting on the tubule. The tubule is so strongly bent that
the bent regions start to buckle, leading to a raised point. The increased height of the bent
regions is expected from the collapse of the tubule wall in response to bending.
In addition to bending of tubule into complex shapes, it was found that if the mold
is placed orthogonal over the parallel aligned tubules and a large pressure is applied to
64

the top of the mold, the pre-aligned lipid tubules can be cut to a precise length by the
mold (Figure 33b). It is clear that the portions of the tubules, which are in contact with
the mold, are removed from the glass substrate. A similar approach was reported for
patterning supported lipid bilayers. The remaining tubules are about 2 µm long, which is
equal to the width of the channels, and form a two-dimensional smectic structure with the
orientation and position order. In addition, highly monodispersed tubules can be obtained
by the recovery of the remaining tubules from the glass substrate.

(a)

(b)

2µm

5µm

Figure 33 (a) and (b) Represents AFM tapping mode image of the bending of the
tubule and cutting of the tubules, respectively.

4.3.2 Lipid Nanotubules
Occasionally, we find that the nanotubules are also bent at the capillary entrance.
The bent tubule shows a well-defined shape (figure 34a), which reflects the structure of
the capillary entrance. In this situation, the microchannel flow induced by the capillary
action applies a pressure on the portions of the nanotubule, which are exposed to the
capillary entrance, in a direction orthogonal to the nanotubule (Figure 34b).
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The laminar flow through the microchannels can be characterized by a form of the
Hagen- Poiseuille equation106,

ν =

C g ∆p

(1)

ηL

where ν is the average flow rate, Cg is a geometric form factor describing the
channel, ∆p is the pressure drop, η is the viscosity of the fluid, and L is the length of the
channel. The pressure drop ∆p can be described by the capillary pressure, given the small
dimensions of the microchannel and that the microchannel is open at both ends. The
capillary pressure Pc can be calculated by

 Cos(Θ substrate ) + Cos(Θ PDMS ) 2Cos(Θ PDMS ) 
Pc = γ 
+

a
b



(2)

where γ is the surface tension of the liquid, Θsubstrate and ΘPDMS are the contact angles of
the channel, and a and b are the height and width of the channel. This relation shows that
the capillary pressure is highly dependent on the wettability of the channel. The
geometric term, Cg can be approximated by

1  ab 
Cg = 
8 a +b 





2

(3)

The channel used in our experiments to bend the nanotubule is 1µm wide and
0.8µm high. For water at 20°C, we have γ = 72.8 dynes/cm, Θglass = ~ 8°, and ΘPDMS = ~
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12°, which gives a capillary pressure of about 0.32MPa. This pressure bends the
nanotubule into a semi-circular shape with a radius of about 0.41µm (Figure 34a). But
there are no breaks observed along the bent nanotubule.

(a)

2µm
(b)

Figure 34 (a) AFM image of a bent nanotubule on a glass substrate. (b)
Schematic illustration of bending of a nanotubule at a channel entrance.
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4.4 Patterning of Silica Cylinders
The discovery of mesoporous silica had a vast impact in different areas such as
catalysis, adsorption, optics and electronics. Biomolecule/ inorganic interactions can be
used to produce ceramics with increased toughness and have led to the bioinspired
synthesis of composite materials. For many potential applications, it is necessary to
remove the organic template completely enabling the formation of periodic, porous
inorganic solids. Such intermittent porous solids are an incredible array of new composite
materials. The porous scaffold can become the optical material since porous solids with
periodicities on the order of the wavelength of light can be used as photonic solids107. In
addition to photonic applications, the periodic array of these porous solids can be used as
sonic systems to construct a new generation of sound shields and filters and to construct
refractive devices such as an acoustic lens for focusing sound waves and also an acoustic
interferometer that works similar to its lightwave counterpart108
Phospholipids tubules have been used as the organic template to get silicon half
and full cylinders. In order to make array of porous silicon structures and to pattern the
half cylinders of silicon, well known soft lithographic techniques were used. In our
experiments, the tubule-coated substrates were immersed in the silica colloidal solution
for six days without stirring and then gently rinsed with water. The rinsed samples were
dried in air before imaging. At pH 8.4, the deposition of the silica particles on the aligned
lipid tubules is observed. The gel of the deposited silica particles through the
neutralization of their charges leads to the formation of the silica films on the aligned
tubules (figure 35a). The average thickness of the silica films measured from the partially
covered tubules is about 420-470 nm. While at pH 2.0, there is no deposition of the silica
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particles observed on the aligned tubules (figure 35b). The lipid tubule-templated silica
full cylinders in solutions have been reported by Baral and Schoen100. In our case, the
deposition of the silica particles only occurs on the tubule surface, which is exposed to
the solution. The templated silica films are expected to be hollow, half-cylinders. The
advantage of our approach is that the morphology and pattern of the templated silica
films are achieved in a single-step process.

(a)

(b)

2 µm

2 µm

Figure 35 AFM images of the deposition of silica particles on the aligned lipid
tubules at pH 8.4 (a) and pH 2.0 (b). The samples were dried in air for four hours before
imaging.

In addition to silica half cylinders, silica full cylinders can also be made and
patterned by mixing the lipid and silica colloidal solution and then pattern the silica
coated lipid tubules with soft-lithography process (figure 36a). Despite the effect of the
AFM tip size, the high resolution AFM image in figure 36(b) shows that the templated
cylindrical silica is hollow with an open end. This also suggests the deposition of silica
particles does not occur on the internal surface of the lipid tubules.
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(a)

(b)

Open End

5 µm

1 µm
(c)

Figure 36 (a) Tapping mode AFM image of lipid tubules templated silica full
cylinders. (b) AFM image of the open end of the silica hollow cylinders, and (c)
represents the energy dispersive spectrum of SEM confirming the silica deposition.

Crossbar array of silica cylinders (figure 37) can also be made by patterning silica
coated tubules in one direction and then repeating the experiment in the orthogonal
direction to the previously patterned silica cylinders. The deposition of silica particles on
the lipid tubules is considered to be due to the electrostatic interaction between the
negatively charged surfaces of silica particles and the positively charged head-groups of
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phosphatidylcholine lipids. The silica particles, which are deposited on the aligned lipid
tubules, gel to form a silica film through the neutralization of their charges. After
formation of the silica films, the tubule templates can be removed or destroyed by
calcination at 600 °C for 2 h under a nitrogen atmosphere. We note the silica films are
intact and retain their shapes and patterns during the process of dissolving the tubule
template. The presence of P from the lipid head-groups and Si from silica particles is
confirmed in the EDS (JEOL 6400F).

(a)

(b)

Open End

5 µm

Figure 37 (a) AFM image of the silica coated crossbar array of the tubules and
(b) represents the EDS confirming the deposition of silica.

4.5 Mechanical Properties of Lipid Tubules
4.5.1 Force-Distance Curve
The force-distance curve of the lipid tubules were studied using the AFM tip as an
indenter. We located the center of the tubule by scanning it and then positioned the AFM
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tip above the center. Figure 38 shows force curves on the lipid tubules with different
outer diameters. Force curve on bare glass substrate is also shown for reference.
Indentation on the tubule surface by AFM tip can be measured by measuring the
horizontal distance between the F-D curve on the bare glass substrate and the F-D curve
on the tubule surface. In these force curves, the loading force is plotted as a function of
the piezo distance, Z. The tip-tubule contact point is indicated by a zero on the Z-position
axis. The force curves are offset so that the contact points coincide. Nonlinear force
curves are observed when the AFM tip indents these lipid tubules. The height of the
tubules was measured from the tapping images at a high setpoint and then used as an
estimate of the tubules’ diameter because the measured width of the tubules is not
accurate due to the effect of the tip size. The 745 nm tubules show more complicated
compression behavior, compared to the 245 nm tubule. They can be indented by
approximately two times as much as the 250 nm tubule. For the 745 nm tubule, a large
initial deformation of 60-70 nm is detected for a loading force of 100 nN. This is
followed by much stiffer response with a small deformation at higher loading forces. The
245 nm and 320 nm tubules show smaller compression, compared to the 745 nm tubule.
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Figure 38 Force-distance curves (tapping mode AFM) on different sized diameter
lipid tubules and on the bare glass substrate for the reference.

4.5.2 Deformation of Lipid Tubules in Tapping Mode and Contact
Mode AFM
It was clearly observed from our studies that the tubules deform with the increase
in loading force in both tapping and contact modes. Figure 39 is tapping mode images of
a big lipid tubule with the respective cross-sections. These tapping AFM images were
taken at different amplitude setpoints. Here a high amplitude setpoint represents a small
loading force on the tubule. At the setpoint of 0.98, the tubule is about 869 nm high and
has a cylindrical external surface (Figure 39). Although the apparent width of the tubules
in the AFM image is broad by the geometry of the AFM tip, the morphological changes
of the tubule can be clearly seen from the cross-sections with the decrease of the
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setpoints. The tubule appears to be laterally compressed by the tip scanning at low
setpoints. In the scanning mode the small lateral forces are always present because the tip
on a cantilever approaches the tubule at an angle from horizontal, which might laterally
push the immobilized tubule to cause the stationary lateral deformation. For example, the
apparent width of the tubule at the half-height is 1.096 µm at the setpoint of 0.98 (Figure
39a) and compressed to 0.939 µm at the setpoint 0.45 (Figure 39d). The maximum height
of the tubule is almost the same until the setpoint is down to 0.45. Beyond this point, the
maximum height decreases quickly (Figure 39e). The tubule is collapsed by the normal
imaging force at the setpoint of 0.35.
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Figure 39 (A-D) Series of tapping mode images of a big tubule with the
respective cross-sections taken at different amplitude setpoints (a-d). (E) A plot of the
max height of the tubule as a function of the amplitude setpoint. The initial height of the
tubule is 869 nm at the setpoint of 0.98.

Figure 40 shows tapping mode images of a small lipid tubule with the respective
cross-sections. The small tubule has an initial height of 375 nm with a cylindrical
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Figure 40 (A-D) Series of tapping mode images of a small tubule with the
respective cross-sections taken at different amplitude setpoints (a-d). (E) A plot of the
max height of the tubule as a function of the amplitude setpoint. The initial height of the
tubule is 375 nm at the setpoint of 0.84.

external surface at the setpoint of 0.84 (Figure 40a). AFM measurements show that the
small tubule is intact in both the shape (Figures 40a-40d) and the height (Figure 40E) by
consecutive scanning in the range of setpoints from 0.84 to 0.35. It is likely that the
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deformation indented by the AFM tip is reversible, the small tubule responds elastically.
This also means that the small tubule is stiffer or harder than the big tubule.
Figure 41 shows contact mode AFM images taken at different deflection
setpoints, accompanied by cross-sections. The compression of the lipid tubule in the
contact AFM images is obvious. Here a low deflection setpoint corresponds to a high
loading force. It is clear that the tubule no longer shows the cylindrical external surface
because there is a significant imaging force present in the contact mode, indenting the
tubule, even at an initial setpoint of 6.0 (Figure 41a). This can be seen more clearly in the
respective cross sections. The tubule appears progressively flattened with the decrease of
the setpoints. At low setpoints, the tubule surface appears to be smeared along the
scanning direction by the AFM tip (Figures 41c and 41d). A statistical analysis of the
relation between the measure height and the setpoint is shown in Figure 41E. The height
change of the tubule is approximately proportional to the setpoints. It is clear from these
results that the deformation of tubule in the contact mode is plastic in nature however; the
deformation in tapping mode is elastic deformation. This is because in tapping mode, the
tip is not in continuous contact with the surface; rather it taps on the surface giving
enough chance to the tubule to come back to its original position. However, in the contact
mode, the tip is in regular contact with the surface resulting in flattening and further
plastic deformation of the tubule.
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Figure 41 (A-D) Series of contact mode images of a small tubule with the
respective cross-sections taken at different deflection setpoint setpoints (a-d). (E) A plot
of the height of the tubule as a function of the deflection setpoints. The tubule shows a
flatten surface even at an initial setpoint of 6.0.

Thus, by comparing the plot of height of the tubule versus setpoints for the
tapping and contact mode, we observed that the height of the tubule decreases with the
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increase in force showing the plastic deformation of the tubule. However, the plot of
height versus setpoint for tapping mode shows that there is not any significant change in
the height with increasing force, which suggests the elastic deformation of the tubules.
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CHAPTER 5. CONCLUSION

AFM is successfully used to study the morphological features of self-assembled
supramolecular structures of DC8,9PC. We report the applications of soft lithography in
patterning lipid tubules and vesicles on glass substrates.
We report the applications of soft lithography in patterning polymerized lipid
vesicles on glass substrates. In µCP approach, we demonstrate that the vesicles can be
used as a high-molecular weight ink to be transferred from the PDMS stamp onto glass
substrates to form 2-D vesicle stripes with a controlled separation over a large area.
Using µFN approach, we are able to form 3-D parallel and crossbar arrays of the vesicles
on glass substrates. 1-D vesicles lines can also be formed on glass substrates by simply
controlling the vesicle concentration and the dewetting occurring within the
microchannels. In this case, the effective downscaling of printed features with respect to
the channel size can be achieved. Using lift-up process, we are able to selectively remove
the vesicles from the lines to a more complicated pattern. This high precision assembly of
lipid vesicles on substrates will open up the possibility of integrating them in biosensors
and microelectronic devices.
We demonstrate that lipid micro- and nano-tubules with high aspect ratios can be
aligned and manipulated on glass substrates with microfluidic networks. 2-D parallel
arrays of the aligned lipid tubules with controlled separations are achieved by combing
fluidic alignment and dewetting occurring within microfluidic networks. We also show
that the lipid nanotubules can be bent into a well-defined shape at the channel entrance by
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the capillary pressure. By using the aligned lipid tubules as a template, we synthesize
silica thin films controlled morphologies and patterns on solid substrates in a single-step
process.
Mechanical properties of self-assembled lipid tubules have been studied with
AFM in air at room temperature. We have directly observed the deformation of the lipid
tubules in both tapping and contact modes with the increase of loading forces. Also, the
force-distance curves of different sized tubules are studied.
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